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ABSTRACT 
 
Oil spills from different sources such as natural seeps, waste waters, runoffs and 
accidental oil spills can have serious effects on the environment while also resulting in 
potentially major economic damage. Due to the harmful effects of crude oil components 
on ecosystems, a rapid response to sequestrate oil is required to minimize any resulting 
environmental impact. Currently used oil removal methods, in addition to their advantages, 
also have severe limitations. New techniques have been developed including 
nanotechnology to address these limitations. A new type of nanoparticle (NP), composed 
of polyvinylpyrrolidone (PVP) coated iron oxide (magnetite), has been successfully used 
to remediate oil-contaminated waters. This dissertation reports amelioration of oil toxicity 
to harpacticoid copepods using these NPs, while at the same time stimulating the growth 
of oil-degrading bacteria and subsequent oil removal. Finally, a method was developed and 
validated to quantify internalized Fe from NPs. This method will help to better understand 
the NP fate in the presence of oil and therefore understand the mechanisms of improved 
remediation using.  
An acute toxicity assay based on the estuarine copepod Amphiascus tenuiremis has 
been performed to evaluate the toxicity of PVP-coated iron oxide NPs, water-
accommodated fractions (WAF) and both together. The synergistic use of the PVP-coated 
iron oxide NPs with oil-degrading bacteria for enhancing oil removal at the laboratory scale 
was performed. To estimate intercellular NP uptake of metal from NPs, the outer cell 
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membrane of Gram-negative bacteria has been removed using ethylenediaminetetraacetic 
acid (EDTA) at an optimal time and concentration. This was followed by standard 
digestion and metal measurements. Live/dead staining, transmission electron microscopy 
(TEM)  and metal analysis were used for verification of this method.  
Results indicated that the NPs alone had no significant impact on copepod survival 
up to concentrations of 25 mg L−1 over 4 days of exposure, importantly, while, 18 mg L−1 
over a 1 hour time period was the optimal for oil removal by these NPs from the aqueous 
phase. WAF was highly-toxic to copepods (mortality 95 ± 5%). Mixing the NPs with 
undiluted WAF and magnetic removal within 1 hour of exposure resulted in a >90% (p-
value < 0.05) reduction in toxicity compared with undiluted WAF alone having no added 
NPs. Additions of NPs to undiluted WAF for up to 72 hours without magnetic separation 
also resulted in significantly (p-value < 0.05) reduced toxicity, suggesting that the oil-NP 
mixture influenced toxicity. The growth of oil-degrading bacteria was significantly (p-
value < 0.05) stimulated in present of  NPs and WAF, when compared to WAF alone. This 
growth enhancement was likely due to the additional available of Carbone and iron source. 
The combination of  PVP-coated iron oxide NPs and oil-degrading bacteria experiments 
indicated that oil removed essentially 100% of oil within 24 h. For comparison, NPs alone 
could remove approximately 65% of oil within 1 h, when magnetic separation of NP was 
used; Oil-degrading bacteria could remove about 80–90%, but it required 48 h. A possible 
explanation is that the oil-NP complexes became more bioavailable to bacteria as a joint 
Fe and C source. Furthermore, results showed that the emission of selected volatile organic 
compounds (VOCs) and semi volatile organic compounds (SVOCs) were reduced after 
additions of NPs and bacteria separately. When combined, VOC and SVOC emissions 
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were reduced by up to 80%. These initial data suggest that these NPs could be added rapidly 
to oil spills in marine system to reduce acute oil toxicity and increase oil degradation. 
Finally, we developed and validated an extraction method using EDTA, which can estimate 
internalization of metal NPs into Gram-negative bacteria. Results showed the outer cell 
membrane was successfully removed from bacterial cells without lysis of the inner plasma 
membrane of cells, and indicated that the quantitative separation surface-attached NPs 
from those internalized within the bacterium. This technique offers a promising  approach 
for quantifying NP and metal internalization processes in Gram negative bacteria.
viii 
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CHAPTER 1 
 
INTRODUCTION 
2 
1.1. OIL SPILLS 
Crude and other types of oil spills can be released into marine and aquatic 
environments from different sources such as natural seeps or technical problems associated 
with the oil industry [1]. Oil spills can cause major economic and environmental issues [2-
5]. For instance, the environmental catastrophe in the Gulf of Mexico, Deepwater Horizon 
2010, led to a massive spill, nearly 800 million liters of oil were released into the surface, 
subsurface and deep water of the Gulf of Mexico resulting in significant damage to marine 
life [6-8]. Approximately, 2000 km of costal area in 4 American states, at least, were 
affected, including beaches, wetlands and estuaries which are important habitats for a wide 
range of species [9-12] and affecting the diversity of the microbial community by 
increasing hydrocarbon-degrading microorganisms [13, 14], along with economic huge 
damage [15-17]. Oil pollution is not only restricted to large scale oil spills but also more 
frequently occurring in small scale oil spills [18]. For example, The frequency of oil spills 
under 400 liters represent 92% of the total spill reported globally [19]. In the United States, 
there are about 25 spills per day reported into water routes and 75 spills on land, and about 
12 spills daily reported in Canada [20]. In China, an oil spill happens once every 4 days in 
coastal areas [21].  
Several factors such as spill location, amount spilled and oil type can be crucial in 
determining the overall impact an oil spill incident [22]. Location is one of the most 
important factors of an oil spill impacts [23]. The closer oil spills to shore and human 
populations, the greater economic impacts and more expensive they are to remediate 
because of the effects on human population and their properties [24]. For example, 
although about 250 million liters of oil spilled during the ABT Summer spill in 1991, no 
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effects were reported on human populations and low clean-up cost because it occurred 
about hundreds of miles offshore [25]. While, the ultimate cost of Deepwater Horizon oil 
spill was $145.93 billion [26]. Estimates of near shore oil spills cleanup is 4-5 times more 
expensive than offshore oil spills [27, 28]. The amount of oil spills is another important 
factor in determining the effect on the environment [29]. It is clearly obvious that spilled 
of 100 million liters of crude oil will result more severe effect than 1 million liters [22]. 
However, the amount of the damage depends on the location of the spills [30]. The oil type, 
such as light, heavy and intermediate, is another significant factor that determine the 
impacts on the environments [29, 31]. Each type has unique effects on the environments. 
There are two different aspects of the effects of the oil type, clean-up cost and toxicity. 
Light oil such as gasoline and light crude oil do not persist on the surface of the waters due 
to rapid evaporation [32]. Thus, it requires relatively low-cost clean-up [33, 34]. For 
instance, in the BRAER incident in Shetland, UK, about 85 million liters of light crude oil 
were spilled, but the recovery cost was about just 0.5 million and the effects were not as 
expected [22, 35]. However, light oils are more likely caused greater impact on aquatic 
organisms than heavy oils due to their solubility and toxicity [36-39].  
1.2. IMPACT OF OIL SPILLS ON AQUATIC ECOSYSTEMS  
Oil is a toxic substance and has harmful effects on entire aquatic ecosystems [40-
44]. Oil spill consequences often result in immediate and long-term impact that can last for 
decades, in some cases [45]. The longer the crude oil spilled is left in the environment, the 
more damage it can do [46]. Several studies demonstrated the effects of oil spills on aquatic 
organisms and entire ecosystems from a few hours to a few decades [21, 47-50]. During 
oil spills, petroleum hydrocarbons are released in large amounts that have potential toxic 
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effects on aquatic (micro)organisms, in particular, in the first days of an oil spill [48, 51]. 
Microorganisms such as phytoplankton and zooplankton are affected rapidly upon 
exposure to oil spills [52, 53]. Several studies showed remarkable toxicity of crude oil 
compounds to aquatic organisms [54-63]; they can affect the brain, liver, kidneys, and 
hearts of aquatic and terrestrial organism [21, 64-67]. Inhalation of airborne toxic 
compounds that emitted after an oil spill by humans or other species may cause serious 
pulmonary disease, including lung cancer [68, 69]. Due to lipophilic of most of the oil 
compounds, especially poly aromatic hydrocarbons (PAHs), they accumulated in 
organisms’ tissues and strongly affecting their metabolism and physiology causing 
toxicity, mutagenicity and carcinogenicity [70-73]. Aquatic organisms may be exposed to 
petroleum hydrocarbons either acutely or chronically [74, 75]. Mass mortalities of fish, 
seabirds and other aquatic organisms are a common result of acute exposure of oil spills, 
especially large spills [76, 77].  
variety of physical, chemical, and biological processes that crude oil undergoes 
when introduced into aquatic environments [78, 79]. Processes involved in the weathering 
of crude oil include evaporation, dissolution, photolysis and emulsification [80-83]. Figure 
1 summarizes the pathways of spilled oil into the marine ecosystem [84]. Oil spill spread 
initially on marine water surface as a slick. The first stage of spilled oil impact is rapid 
evaporation of volatile components in crude oil. Approximately, 30% of 35 million liters 
of oil spilled by the Exxon Valdez oil spill, and 23% of the oil spilled mass by Deepwater 
horizon oil spill were evaporated into the atmosphere within a few hours to several days 
[85, 86]. After evaporation, low-molecular- hydrocarbons will dissolved in water and 
retained in water column until degraded by microorganism [87]. Dissolved compounds will 
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transported by ocean circulations and causing severe effects on aquatic life [88-90]. 
Previous studies showed that considered amount of dissolved oil compounds were 
bioavailable through at least five years after an oil spill [91]. Due to floating of oil on the 
surface of water, oil spills may limit photosynthesis of marine plants and phytoplankton, 
then cause acute impacts on aquatic organisms [92]. Photolysis (solar irradiation) is another 
effect derived from oil spills. Photolysis increases toxicity of water in contact with oil by 
oxidation of some components presents in crude oil [93]. Oil components resulting from 
oil spills may be accumulated to form tar balls and descend into the seafloor [94]. In most 
cases, a water-in-oil emulsion also called ‘mousse’ is rapidly formed, when crude oil is 
spilled [95]. Oil mousse may persist in the water for several years, especially  rocky shores 
[96].  The formation of mousse has direct effects on the biological and photochemical 
degradation and fate of the oil spill [97, 98]. Therefore, due to the adverse effects of oil 
spill on entire ecosystem including plants and animals, immediate efficient actions are 
required to eradicate or minimize environmental effect of oil spills. 
1.3. CURRENT OIL REMOVAL TECHNIQUES 
Currently techniques for oil spill clean-up comprises of booms, sorbent, skimmers, 
dispersants, in-situ burning, and biodegradation. However, in addition to their advantages, 
these methods have significant limitations [99]. For instance, booms, are temporary 
floating mechanical barrier often employed as a first response to contain and stop the 
movement of an oil spill [100]. However, booms are affected by sea conditions and waste 
disposal is a serious challenge [101]. Sorbents may be served as a final cleanup step of a 
spill or in very small spills. The major limitations for sorbents are that they may sink during 
application, and eventually, oil will release from them over time, and they are expensive 
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Figure 1.1. Pathways of spilled oil may affect the marine ecosystem [84]. 
[102, 103]. Skimmers remove concentrated floating oil, but they are limited by weather 
conditions at spill, and do not always work effectively [104]. Dispersants are chemicals 
commonly used for oil spill treating. The major issues associated with the use of dispersants 
are expensive and contain toxic material to aquatic organisms [99]. in-situ burning is a 
rapid, inexpensive and one-step method, to control an oil spill, but it is only effective at 
early stage of the spill and on thick layers of oil and can cause sever atmospheric pollution 
[105].  
Biological approach for oil remediation is using microorganisms to break down 
crude oil component [106, 107]. It is effective and not expensive [108], but are limited by 
availability of  appropriate microorganisms and levels of nutrients [109, 110]. This will be 
discussed further later in this chapter. Given the limitations of current techniques for oil 
spill remediation, novel solutions, facile, low cost, reusable, effective oil/water separation 
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and environmentally friendly are being actively developed including nanotechnology 
which may give promising results in future [111-113]. 
1.4. BIODEGRADATION AND BIOREMEDIATION 
1.4.1. Biodegradation 
Biodegradation is a natural process whereby microorganisms used to treat 
contaminated environment by metabolizing (degrading, detoxifying, or mineralizing) the 
targets pollutants or converting the pollutants to harmless products [114, 115]. Many 
microorganisms such as bacteria, fungi, yeast, algae and other organisms, are capable of 
utilizing some contaminants as a source of carbon [116-123]. Biodegradation breaks down 
organic matter into nutrients that can be used by other organisms [124]. The secondary 
metabolites resulting from degradation process from one organism can become the nutrient 
for others [125]. Biodegradation can occur under aerobic or anaerobic conditions [126-
128]. It is considered as a natural waste management system necessary to keep the 
environment clean and healthy [129].  
1.4.2. Oil-degrading bacteria  
Many microorganisms are able to degrade several hydrocarbons under both aerobic 
and anaerobic conditions [114, 130-132]. However, bacteria are the most active 
microorganisms known for degradation of hydrocarbons and play a vital role as primary 
degraders of spilled oil [133, 134]. Oil degrading bacteria are founded in different locations 
in water column and the sediments [135-138]. Several oil-degrading bacteria strains have 
been isolated and utilized as hydrocarbons biodegrades such as Pseudomonas, 
Marinobacter, Rhodococcus, Achromobacter, Mycobacterium, Acinetobacter and many 
others (more than 200 species) [139-142]. Some bacteria have ability to degrade a broad 
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spectrum of petroleum hydrocarbon by utilizing n-alkanes (C6–C40) and other compounds 
as the sole carbon sources [143-146]. 
1.4.3. Bioremediation  
Bioremediation is a human intervention for enhancing natural biodegradation by 
stimulating the growth of specific microorganisms that use contaminants as a source of 
food and energy [147-150]. Bioremediation is a smart use of proper microorganisms, 
including genetically adapted to contaminants exposure, to speed up rates of oil 
biodegradation [151]. The process of bioremediation depends on nature of the pollutants 
and other factors such as temperature, nutrients and oxygen levels [152-155]. 
Bioremediation has been studied since 1940s, but it has been applied in the United States 
as oil clean up technology in 1980s [156]. Bioremediation of oil spills has been considered 
one of the principal removal methods in the aquatic environment [157]. It is a promising 
option for oil remediation since it is alternative to chemical and physical methods with less 
environmental damage, and also it is considered as a relatively low-cost approach [110, 
158, 159]. Although most of petroleum components can be degraded into inorganic 
compounds by oil-degrading bacteria and other microorganisms, the degradation efficiency 
rate of petroleum is different due to the type of petroleum hydrocarbons and the effect of 
the external environmental parameters [108, 160-162]. 
1.5. BIOSTIMULATION AND BIOAUGMENTATION  
To enhance the bioremediation process, other factors must be considered such as 
oil-degrading microbe and nutrient (oxygen, nitrogen and phosphorous).  Absence or lack 
of any of the these essential factors, makes the remediation process under natural 
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conditions inefficient [163]. There are two main types of bioremediation technologies 
bioaugmentation and biostimulation [164].  
1.5.1.Biostimulation 
Biostimulation is a method to accelerate the biodegradation of pollutants, such as 
hydrocarbons, as the addition of one or more nutrients to the system, Figure 2, to increase 
the degradation rete of the indigenous microbial population [165-167]. Many nutrients are 
needed to use for successful biodegradation of pollutants especially nitrogen and  
phosphorus, which they are limited in the most environments [168-170]. During oil spills, 
the carbon will be significantly increased, but the availability of nitrogen and phosphorus 
became the limiting factor for oil biodegradation [171]. It has been described previously 
that the addition of nutrients or oxygen will increase the population and activity of naturally 
occurring microorganisms for biodegradation [172, 173]. Several previous studies have 
shown biostimulation as an important remediation method for the degradation of 
hydrocarbons [174-176] because most of the oil contaminated sites are nutrients limited, 
and the biodegradation will be enhanced significantly as nutrients added. The primary 
advantage of biostimulation is that the biodegradation will be processed by already present 
native microorganisms that are suited to the environment [177]. Whereas, the primary 
limitation is to control the release rates of suitable nutrient concentrations into the open 
marine environment over long periods of time [178]. Addition of nutrients might also 
enhance the growth of non-oil-degrading microorganisms that creating a competition 
between the resident micro flora [179].  
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Figure 1.2. The pictorial diagram of biostimulation [177] 
1.5.2. Bioaugmentation 
Bioaugmentation method is based on addition of selected microbial species have 
ability to degrade pollutants into a contaminated environment [180-182]. This method 
involves the addition of a pre-adapted pure bacterial strain, wild type or genetically 
modified microorganisms (single strains or consortia), to contaminated sites in order to 
accelerate degradation of undesired compounds (Figure 3) [177, 183-185]. The native 
microorganisms may not be capable of degrading the wide range of complex substrates 
such as hydrocarbons [186] or they may be under shock due to exposure to the oil spill 
[109]. The adaptation of the added microbial population is an essential factor for successful 
bioaugmentation process to the sites to be remediated [187]. The use of indigenous 
microorganisms that previously isolated from contaminated sites was showed to be one of 
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the most powerful method for bioaugmentation [188-191]. Using naturally adapted 
microbial consortia instead of using single bacterial strain may be more effective for 
biodegradation [183].  
Figure 1.3. The pictorial diagram of bioaugmentation. [177] 
 
However, bioaugmentation is still questionable method of bioremediation because 
the addition of  nutrient alone (biostimulation) is more effective than the addition of 
microbial population that could not degrade all the components of crude oil [192-194]. The 
successful bioaugmentation requires the fully understanding of  types and components of 
pollutants and microbial strains to be added to design optimum bioaugmentation method 
[195]. 
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1.6. NANOTECHNOLOGY FOR ENVIRONMENTAL REMEDIATION 
Environmental pollution is one of the main global problems that world faces today 
[196-198], and its potential to effect the environment and  human health [199, 200]. Several 
techniques have been used to remediate contaminates from the environment such as 
sorption, membrane filtration, chemical precipitation, solvent extraction and other 
techniques that listed in many review papers [201-204]. However, sorption has become 
one of the most effective and common techniques due to easy to operate, low cost and 
environmentally friendly [205-207]. Nanotechnology with superior performance has 
emerged as a potential novel solution for environmental contamination remediation, and to 
address limitations of conventional technologies for environmental remediation [208-210].  
Nanotechnology is the technological use of nanoparticles (NPs), are materials that have at 
least one dimension in the size range of 1 to 100 nm [211]. Nanotechnology sorption based 
has been increasingly used for addressing environmental pollution [212-216]. For instance, 
nanoscale zero-valent iron has been found more effective than bulk iron powder for 
treatment of organic and inorganic contaminants in water [217, 218]. Magnetic NPs are 
used for oil clean-up  because of  their relatively low cost and perfect water cleanup and 
complete removal of petroleum [219-221]. Among them, iron oxide NPs the most 
extensively used for oil remediation and other application because of their unique 
properties such as low toxicity and superparamagnetism, which allows easy separation 
from the aqueous phase after the sorbents are saturated, near completely petroleum removal 
and relatively easy synthesis [221-223]. The mechanism of oil removal by NPs sorption 
based is likely due to the hydrophobic effect of the NP coating allowing sorption of 
hydrocarbons from oil contaminated water onto the NPs [224].  
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1.6.1. Iron oxide NPs for oil remediation 
In recent years, iron oxide NPs have drawn especial attention in the field of oil and 
other remediation due to their inherent low toxicity, superparamagnetism and easy 
magnetically separation from fluids [225]. Thus, different synthesis techniques have been 
developed to synthesis iron oxide NPs for environmental remediation applications such as 
1) co-precipitation, 2) thermal decomposition, 3) hydrothermal synthesis, 4) micro-
emulsion, sonochemical 5) and supercritical fluid (SCF) methods [226, 227]. However, co-
precipitation methods are the most commonly used for synthesis iron oxide NPs for oil 
remediation because of facile, efficient, cost-effective synthesis technique as well as 
excellent results in water cleanup and complete removal of petroleum [228].  
1.6.2.  Cost of the synthesis NPs. 
Many NPs synthesis methods are available on a laboratory scale, however, only a 
few methods can apply for commercial scale [229]. Scalability of NPs production method 
is an important, but the cost of synthesis is more important for the commercialization [230]. 
Using cheap organic solvent and select cheap metal salts as metal precursors is playing a 
vital role in the cost of synthesis and necessary for the method to be effective. Previous 
study showed an example of calculation of synthesis of NPs that used for oil remediation 
from different methods for 1 kg of NPs [231]. Although the NPs were synthesis for same 
purpose, oil remediation, choosing the materials and experimental conditions played an 
important role in reduction the cost. Moreover, synthesis techniques previously reported 
for the application of NPs on oil remediation used for a laboratory scale [223, 232-234]. 
However, a large-scale of oil clean-up NPs requires high volume of materials resulting 
reduction in total cost. 
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1.6.3. Environmental effect of NPs  
In recent years, various applications have been successfully shown excellent results 
of using NPs in the environmental pollution remediation at the laboratory scale [235-237]. 
The ability of this technology in wide range of applications and cost-effectiveness 
compared with remediation conventional methods, has led to attract scientists [238]. 
However, there are different consequences between lab and industrial scale [239]. Along 
with the using of NPs for environmental remediation, environmental impact assessment of 
NPs is necessary not only for determining environmental effects possible of exposure of 
NPs, but also for synthesis safer environmental- used NPs [240]. In environmental 
pollution nanoremediation, NPs inevitably enter the ecological environment, and may 
cause potential toxic risks to human and environment [241, 242]. Therefore, using safe and 
non-toxic precursors for synthesis NPs and optimizing experimental conditions can 
basically achieve the requirements of lower environmental impact [202].   
1.7. DISSERTATION AIMS AND OVERVIEW  
As long as the world keeps on relying on crude oil to provide the energy, oil spills 
will remain a serious threat to marine and freshwater environments. Current oil clean-up 
methods, in addition of advantages, they have serious limitations could affect their 
efficiency. New methods have been developed including nanotechnology to address 
limitation of current oil clean-up methods.  
The specific aims of the present work were: 
 i) measured the toxicity of PVP-coated iron oxide NPs, and evaluated their ability to 
ameliorate oil toxicity. ii) synergistically used  of nanoparticles and oil-degrading bacteria 
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to degrade oil spills in aquatic environments. iii) developed a novel method to estimate 
cellular internalization of nanoparticles into Gram-negative bacteria.  
This dissertation reports a nano-bio-based system for oil clean-up and ameliorate 
oil toxicity in the environment. This dissertation is organized as follows: Chapter 2 
describes the acute toxicity of PVP-coated magnetite nanoparticles to a model estuarine 
copepod, and evaluated their ability to ameliorate oil toxicity. Chapter 3 describes oil 
removal efficiency of synergistic method of PVP-coated magnetic NPs and oil-degrading 
bacteria. Chapter 4 reports a developed and validated an extraction method which can 
operationally estimate internalization of metal NPs into Gram-negative bacteria. Chapter 5 
summarizes the results of this dissertation. 
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CHAPTER 2 
 
USE OF PVP-COATED MAGNETITE NANOPARTICLES TO AMELIORAT OIL 
TOXICITY TO AN ESTUARINE MEIOBENTHIC COPEPOD AND STIMULATE 
THE GROWTH OF OIL-DEGRADING BACTERIA 
 
 
 
 
 
 
 
 
Alabresm A, Mirshahghassemi S, Chandler T, Decho AW, Lead JR. Use of PVP-coated 
magnetite nanoparticles to ameliorate oil toxicity to an estuarine meiobenthic copepod 
and stimulate the growth of oil-degrading bacteria. Environmental Science: Nano 2017. 
Reprinted here with permission of publisher.   
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Abstract: Crude oil and its water-accommodated fractions (WAF) have the potential to 
cause catastrophic damage to aquatic ecosystems when released. A new nanomaterial 
(NM), composed of polyvinylpyrrolidone-coated iron oxide, has been successfully used to 
remediate oil-contaminated waters. In this study, the toxicity of these NMs, crude oil WAF, 
and their mixtures was evaluated using an acute toxicity assay based on the estuarine 
copepod Amphiascus tenuiremis. Results showed that the NMs had no significant effect on 
copepod survival up to concentrations of 25 mg L-1 over 4 days. For comparison, optimal 
oil removal from the aqueous phase was shown to be at 18 mg L-1 over 1 hour. WAF was 
highly-toxic to copepods (mortality 95 ± 5%). Mixing and magnetic removal of NMs 
within 1 hour of exposure to WAF resulted in a > 90% reduction in toxicity compared to 
the control sample that contained WAF with no NMs. Addition of NMs to WAF at times 
up to 72 hours without magnetic separation also resulted in significantly reduced toxicity, 
suggesting that the physical form of the oil:NM mixture influenced toxicity. The addition 
of oil degrading-bacteria to WAF treated with NMs resulted in significant stimulation of 
bacterial growth relative to WAF without NMs, likely because of the input of additional 
available Fe and C sources. These initial data suggest that under realistic environmental 
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conditions, these NMs could be added rapidly to oil spills in marine systems to reduce 
acute oil toxicity and increase oil degradation. 
2.1. INTRODUCTION 
Oil spills resulting from industrial wastes and maritime disasters have the potential 
to cause catastrophic damage to aquatic ecosystems. For instance, in the Deepwater 
Horizon oil spill (2010) more than 4 million barrels of oil  were released into the Gulf of 
Mexico[243] and caused severe damage to important habitats;[244] crude oil and its 
fractions are a mixture of aromatic and aliphatic hydrocarbons, which may be highly toxic 
[245-247]. When spills occur they need to be remediated as rapidly as possible to prevent 
ecosystem and economic damage.  
Currently, several techniques are used to remove spilled oil in aquatic systems 
including barriers, skimmers, sorbents, in situ burning, dispersants, and biological 
methods. However, each of these techniques has limitations. For example, barriers are 
widely used when oil spreads rapidly on water after a spill, however, there are disposal 
issue and the barriers have a low oil removal efficiency [248, 249].  Skimmers are most 
effective when the floating oil is concentrated in a thick layer, but they are limited by 
marine conditions such as wind speed, waves and currents [250], and do not always 
function optimally [251] . Sorbents have low oil removal efficiency  and their disposal is 
expensive [252] . In-situ burning is a rapid method to respond to an oil spill, but it is only 
effective on thick layers of oil and can cause localized atmospheric pollution. In addition, 
burning is not always feasible even for surface oil [253]. Dispersants breakdown oil, 
potentially increasing the concentration of harmful dissolved oil components such as 
polycyclic aromatic hydrocarbons (PAHs) in the water column, which can increase 
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degradation rates but also can increase toxicity to aquatic organisms[254, 255]. Although 
biological methods may completely mineralize oil, it is generally a slow process, taking 
months to occur[256]. Due to these limitations of currents techniques, new technologies 
including nanotechnology [257, 258] have been developed. 
Nanomaterials (NMs) have at least one dimension in the size range of 1 to 100 nm 
[259]  and have novel or unusual size-dependent properties. They have been widely used 
for environmental remediation due to their efficiency and effectiveness [260, 261] and high 
specific surface area. Potentially they may be low cost, although there are still concerns 
regarding toxicity and other issues. Recently, iron oxide NMs have attracted extensive 
interest for various applications due to their unique properties, such as superparamagnetism 
[262], and relatively easy synthesis [263] . Although engineered iron oxide NMs have been 
developed and tested, there are many remaining problems regarding applicability and 
feasibility including costs and scale-up. To our knowledge, there are no studies assessing: 
i) the environmental toxicity of such NMs to aquatic organisms, which will be exposed 
during oil remediation, or ii) their potential to improve oil degradation. 
Recently, polyvinylpyrrolidone (PVP)-coated iron oxide NMs have been used to 
successfully remediate oil-contaminated waters [264-266]. Although, these NMs are likely 
to have low toxicity based on composition, there is currently no direct evidence for this, 
and there is no direct evidence that the successful removal of oil corresponds to reduced 
toxicity. In this study, we measured the acute toxicity of PVP-coated iron oxide NMs to a 
model estuarine sediment-dwelling copepod, Amphiascus tenuiremis, and evaluated their 
ability to attenuate WAF-induced toxicity, along with their ability to stimulate the growth 
of oil-degrading bacteria. 
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2.2. MATERIALS AND METHODS 
Iron oxide NMs were synthesized using a hydrothermal method under ambient air 
conditions, which has been described previously. In summary, PVP (Mw 10 kDa, 1.8 g, 
Sigma-Aldrich) was added to 6.25 mL ultrahigh purity water (UHP; 18.2 MΩ cm −1) and 
stirred at 80 ±  5 °C for 10 minutes. Then, FeCl2.4H2O (0.198 g,98%, Alfa Aesar) and 
FeCl3.6H2O (1.081 g, > 98%, BDH) were added simultaneously to the solution and stirred 
at 80 ± 5 °C for a further 10 minutes.  After this, 1.2 g PVP was added into the solution 
and stirred at 80 ± 5 °C for 10 minutes. Finally, 6.25 mL ammonium hydroxide (28-30%, 
BDH) was added dropwise into the solution at 80 ± 5 °C while being stirred and the color 
turned immediately from yellow to black. This solution was stirred for 25 minutes at 90 ± 
5 °C.  The suspensions were separated magnetically and washed with UHP water. The 
suspension was re-dispersed in UHP water using sonication. The final NM solution was 
kept at 4°C for further use.  
Characteristics of the PVP-coated iron oxide NMs have been measured by a multi-
method approach and the results reported elsewhere [265].  Their characteristics are 
summarized as follows. The diameter and morphological features of the NMs were 
observed by atomic force microscopy (AFM) and dynamic light scattering (DLS). On the 
basis of the AFM results, the median particle size was 11.2 nm (interquartile range: 
6.3−18.3 nm). The hydrodynamic diameter was 127.4 ± 4.2 nm as measured by DLS. The 
average zeta potential was 11.2 ± 0.6 mV. Total iron concentration was 18 mg L-1 as 
measured by inductively coupled plasma-optical emission spectrometer (ICP-OES; Varian 
710-ES), after removal of residual dissolved Fe. The NM concentration was calculated by 
converting the measured iron concentration from ICP-OES to Fe3O4 NMs concentration. 
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Based on our previous study [265], the dominant phase of NMs is magnetite. Other 
characterization data are available from same previous study. 
Crude oil, representative of BP Deepwater Horizon spill (reference MC252 
surrogate oil; sample ID: A0068H, Aecom Environment) was used to prepare the oil-water 
mixtures. The water accommodated fraction (WAF) was produced according to previously 
reported procedures [267]. In brief, 60 mL of 0.22 µm filtered seawater (30ppt) was placed 
in an amber round-bottomed glass flask (250 mL). Then 2ml of the reference oil was added 
to the seawater. The glass bottle was covered and sealed by para-film to prevent 
volatilization. The bottle was placed in a shaking incubator (Innova® 44 – Eppendorf) for 
36 hours at 20 ± 1 °C. The suspension was then left to settle for 3 hours. The WAF was 
defined as the aqueous phase (containing ‘dissolved’ oil), and this fraction was placed in a 
clean, covered glass flask and stored at 4 °C for further use. The fresh WAF for copepod 
exposures was full-strength (100%) while serial WAF dilution were made by diluting fresh 
full-strength WAF, using aerated sterilized seawater. The synthetic seawater solutions were 
prepared based on  the U.S. Environmental Protection Agency protocol (EPA-821-R-02-
012) [268]. To better mimic natural conditions, fulvic acid (SRFA, International Humic 
Substances Society)  and alginic acid (AA, Alfa Aesar) were separately added (each at 0.5 
mg L-1) to the synthetic seawater in additional experiments. 
Oil separation tests were conducted as described in previous papers [264, 265].  In 
brief, PVP-coated iron oxide NMs (18 mg L-1) were added to WAF and mixed for 5 minutes 
by sonication. One hour of magnetic separation (magnets of Grade N 52, K&J Magnetics 
Inc.) was used to remove the NMs (with sorbed oil) from the seawater. The remaining 
water was collected for further measurements using fluorescence spectroscopy. Emission 
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spectra of WAF were measured on a Horiba Jobin Yvon Fluorolog-3 spectofluorometer. 
The excitation wavelength 337 nm and emission range between 350 and 650 were used to 
record the samples. This excitation wavelength has been widely reported  to detect PAHs 
in crude oil [269]. 
The test organism, Amphiascus tenuiremis, is a model [267, 270] sediment-
dwelling harpacticoid copepod that lives in muddy estuarine systems and is widely 
distributed from the Baltic Sea to the southern Gulf of Mexico [271]. It is culturable  in 
sediments or in seawater alone and thus is an ideal organism to test for the effects of 
sediment or waterborne contaminants [272, 273]. Copepods were collected from laboratory 
sediment and seawater cultures by aspiration and gentle sieving. The juvenile, copepodite-
stage fraction, was collected on 90 µm sieves and used in all exposures. 
For toxicity tests, all exposures were conducted for 96 hours following OECD 
guidelines [274] . Glass petri dishes of A. tenuiremis were incubated at 25 ± 1 °C (Revco, 
Asheville, NC, USA) for four days, and monitored daily by visual inspection to assess 
mortality. Each dish contained 5 mL of sterile-filtered oxygenated seawater (30 ppt) and 
the potential toxicant of interest (WAF and/or NMs). Each experiment was run in triplicate 
and each plate contained ten copepods. The copepods were monitored daily, not fed during 
the test period, and were exposed to different concentrations of NMs and WAF either 
individually or combined. NM concentrations between 0 and 100 mg L-1 were used in 
exposures. For WAF and NM combined exposures, the WAF concentration was 100% and 
the NM concentration was 18 mg L-1. Two sets of experiments were performed. First, the 
NMs were added over time at 0, 24, 48 and 72 hours (where T=0 was point of WAF 
addition) without removal.  Secondly, the NMs were added to the mixture and, along with 
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bound oil, magnetically removed from the aqueous sample after 1 hour. The exposure was 
then continued. 
For bacterial experiments, the Gram-negative isolate Marinobacter 
hydrocarbonoclasticus strain SP17 (ATCC 49840) was chosen for its ability to degrade oil 
hydrocarbons and its common presence in marine systems [275, 276]. The strain was 
cultured in Difco marine broth (MB) 2216 (Difco Laboratories, Detroit, Mich.) [275].  
Bacteria were grown in media alone (MB), in WAF, and in WAF and NMs (18mg L-1) at 
28 °C for 42 hours while shaking (Excella E24, New Brunswick Scientific, Edison, NJ) 
(180 rpm). The experiments were performed in 100-ml Erlenmeyer flasks containing 20 
mL total volume of media (WAF + MB).  The growth of the bacteria was routinely 
measured indirectly by measuring the turbidity (OD600 nm) using a UV-visible 
spectrophotometer (Shimadzu UV-2401 PC, Japan). Three replicates were used for all 
experimental manipulations. 
Data was statistically analyzed using SAS version 9.3 (SAS Institute, Cary NC). 
Poisson regression with robust standard errors [277] was used to estimate relative risk 
along with 95% confidence intervals after adjusting for any potential confounding 
variables. 
2.3. RESULT AND DISCUSSION 
Oil removal from WAF. Figure 1 shows the fluorescence spectra for the WAF 
after adding and separating the NMs. The results showed almost 100% removal of oil 
components using 18 mg L-1 NMs and a separation time of 40 minutes. These data are in 
agreement with previous work and show complete removal of the oil by the NMs [265, 
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278, 279]. Importantly, 1 hour incubation were required for quantitative oil removal, which 
is much less than the 4-day copepod exposure period during which toxicity was assessed. 
Acute toxicity of PVP-coated iron oxide NMs. Figure 2 shows the PVP-coated 
iron oxide NMs effect on copepod mortality when exposed to concentrations substantially 
higher than those used for oil removal and over substantially longer time periods. Results 
after four days of NM exposure showed no significant mortality compared to control (p = 
0.78) at concentrations up to 25 mg L-1; 18 mg L-1 was used for oil removal. Small, but 
significant (p < 0.05) mortality was observed at concentrations of 40 and 100 mg L-1, 
although mortality never reached 50%, thus an LC50 was not calculated. No significant 
toxicity was observed at time periods before 4 days at any concentration (data not shown). 
These results are in agreement with studies of similar but not identical PVP-coated iron 
oxide NMs on Daphnia magna [280] , which found no significant mortality up to 100 mg 
L-1.  Additionally, in this study, agglomeration of PVP-coated iron oxide NMs was visually 
observed at concentrations above 40 mg L-1. At lower concentrations, agglomeration was 
not observed suggesting that the NMs remained dispersed within the water column for an 
extended period due to the PVP stabilization of nanoparticles in aqueous solution [281]. 
Agglomeration at higher concentrations most likely occurred due to bridging flocculation 
and polymer entanglement [266] and may have resulted in higher doses of agglomerates to 
copepods compared with lower NMs concentrations, where exposure was mainly via 
dispersed NMs.   
Acute toxicity of WAF.  A. tenuiremis was exposed to a dilution series of WAF. 
Figure 3 shows the WAF had substantial and dose-dependent effects on copepod mortality, 
with 95 ± 5% mortality upon exposure to the 100% WAF over four days. The probability 
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of death for copepods estimated over 4 days exposure to 100% WAF, was 3.9 times that 
of copepods in 10% WAF and the results are in agreement with previous studies [267, 282] 
. The toxicity of WAF to several marine and estuarine species has been linked primarily to 
PAH toxicity [267].  Exposure to diluted WAF, down to a 10% dilution, caused observable 
reduction in copepod swimming ability and overall activity although this was not 
quantified. Previous studies have shown WAF exposure caused decreased swimming 
ability, a loss of balance, and death even after dilution [283].    
Copepods exposed to PVP-coated iron oxide NMs in WAF. Figure 4 shows the 
presence of PVP-coated iron oxide NMs decreased copepod mortality upon exposure to 
WAF. In the case of NM addition with WAF, followed within 1 hour by magnetic removal 
of NMs and their associated WAF elements, mortality was reduced by approximately 90% 
(p << 0.05). These data are of particular interest since these PVP-coated iron oxide NMs 
can remove oil from the aqueous phase in less than one hour [265]. Although further testing 
at mesocosm and field scale is required, this suggests that immediate addition of NMs to 
oil spills and discharges could, in principle, mitigate essentially much of the observed oil 
toxicity. The explanation for the toxicity reduction is simply the physico-chemical removal 
of essentially much of the oil including PAHs, after sorption to the polymer coating and 
magnetic removal of the NM-oil complex (see Figure 1). The data shows the effectiveness 
of oil removal from the sample, which in itself directly reduces oil toxicity. 
Figure 4 also shows the effect of leaving the NMs in the WAF-containing media, 
rather than removing them i.e. the oil is still physically present but now bound to the NMs 
rather than being in the aqueous phase. The NMs were added at 0, 24, 48 and 72 hours after 
WAF addition and toxicity was then examined.  A significant and large reduction in 
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mortality occurred when the NMs were added to the WAF media immediately or after 24 
hours, and left in the sample with the WAF and copepods (p << 0.05). The reduced toxicity 
is most likely because NM-bound WAF components are less bioavailable and thus less 
able to cause toxicity. The design of the NMs is therefore important in several aspects of 
its operation. First, at approximately 10 nm diameter, the produced NMs are sufficiently 
small to provide a very high specific surface area (SSA) for oil sorption. Secondly, the size 
along with the appropriate polymer coating allows dispersion and persistence even in 
complex media such as marine waters with natural organic macromolecules (NOM) and 
organisms. Thirdly, the high SSA and polymer coating allows substantial oil sorption 
driven by the hydrophobic effect. Lastly, the size and other properties of the oil-NM 
complex minimize biological impact of the oil, likely through reduced biouptake. 
There was a small but statistically significant reduction in toxicity when the NMs 
were added at or after 48 hours i.e. copepods were exposed to WAF for only 48 hours or 
more and then NMs were added. Copepod mortality was high because of the influence of 
the WAF in this initial exposure. These data, if extrapolated, provide initial suggestions 
that the rapid application of these NMs to environmental oil spills, without subsequent 
removal, can result in a significant reduction in harm to the environment. The non-retrieval 
of these free NMs from the environment, which are themselves of low toxicity, likely has 
significant cost advantages making their commercial application more appealing. 
Impact of fulvic acid and alginic acid on oil toxicity. To better mimic natural 
conditions, fulvic acid and alginic acid were separately added to the synthetic seawater and 
similar experiments were performed. Both natural organic macromolecule (NOM) types 
were added at 0.5 mg L-1, which is a relevant concentration for the marine environment 
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[284]. With the addition of NOM, oil toxicity was again reduced significantly (p < 0.05) 
when the NMs were added at 0 and 24 hours (Figure 5). In addition, a significant toxicity 
reduction (p < 0.05) was observed after NM addition at 48 and 72 hours. Our previous 
work [265, 266] has shown that NOM somewhat reduces the effectiveness of oil sorption 
onto the NM solid phase and therefore higher NM concentrations are required for the same 
removal efficiency. It has been suggested [266] that this reduced effectiveness of NM 
remediation may be due to competitive binding of oil by NOM and/or an increased oil 
solubility in water containing NOM, which consequently decreases oil sorption onto the 
NMs. In this current work, NM concentration was kept constant; the reduced toxicity of oil 
in the presence of  NOM is likely due to the oil-NOM binding, which likely reduced oil-
related toxicity compared to oil in the aqueous phase (with no NOM) [285]. The data again 
indicates, that under realistic environmental conditions these NMs could be added to oil 
spills in marine systems within a short period of time and significantly reduce acute oil 
toxicity. 
Bacteria exposed to PVP-coated iron oxide NMs in WAF. Figure 6 shows 
change over time bacterial growth as a function of conditions. The data clearly show a 
statistically significant (p < 0.05) increase in bacterial growth in the presence of either oil 
or NMs, with a further increase in the presence of both.  The stimulation in growth of this 
known oil-degrading bacterium (M. hydrocarbonoclasticus) suggests a method by which 
oil degradation might be facilitated in-situ, and further work at mesocosm and field scale 
is required to test. This promising data suggests a dual process, whereby the NMs reduce 
oil toxicity and enhance oil degradation. Although designed for magnetic removal, leaving 
the NMs in the water may be a more effective strategy for oil remediation, while also 
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advantageously being less costly and requiring less skilled labor to implement, therefore 
allowing quicker and easier deployment. 
2.4. CONCLUSION  
These results showed that PVP-coated iron oxide NMs in seawater suspensions 
induced no significant mortality to the copepod Amphiascus tenuiremis at 25 mg L-1 over 
4 days of exposure. Importantly, only 18 mg L-1 and a 1 hour were required for optimal oil 
removal from the aqueous phase. 100% (undiluted) WAF induced significant acute 
mortality to copepods, however WAF treated with these NMs, either with or without 
subsequent removal of the NMs and associated oil elements, substantially and significantly 
attenuated WAF mortality to copepods. Further, NM addition with oil increased the growth 
of oil-degrading bacteria. Taken together, these data suggest, that at least at the laboratory 
scale, this method may be an effective in-situ treatment to remediate oil spill ecotoxicity, 
with the added benefit of enhanced stimulation of natural oil degrading bacteria. Further 
testing and development of this technology at the mesocosm and field scale would provide 
validation of usefulness for hazard abatement.  
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Figure 2.1. Fluorescence spectra of the WAF sample before and after NM addition (18 mg 
L-1) and oil removal after 1 hour using magnetic separation.  
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Figure 2.2. Mortality of copepods when exposed to different concentrations of PVP-coated 
iron oxide NMs. No significant toxicity was observed at concentrations up to 25 mg L-1. 
The error bars represent one standard deviation (n=3). * (p < 0.05). 
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Figure 2.3. Copepod mortality when exposed to different WAF dilutions. The control was 
synthetic seawater 30 ppt. The error bars represent one standard deviation (n=3). * (p < 
0.05). 
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Figure 2.4. Copepod mortality when exposed to 18 mg L-1 of PVP-coated iron oxide NMs 
in 100% WAF over time. Two controls were used; control 1 contained 30 ppt seawater 
only; control 2 contained 100% WAF in seawater. The four treatments labelled 0, 24, 48 
and 72 hours correspond to additions of NMs to WAF and copepods in synthetic seawater 
at these time points. The *1h label relates to NM-facilitated removal of oil after 1 hour. 
The error bars represent one standard deviation (n=3). * (p < 0.05). 
 
  
33 
 
Figure 2.5. Copepod survival when exposed to 18 mg L-1 of PVP-coated iron oxide NMs 
in 100% WAF over time. Two controls were used; control 1 contained 30 ppt seawater 
only; control 2 contained 100% WAF in seawater. The four treatments labelled 0, 24, 48 
and 72 hours correspond to additions of NMs at these time points to WAF and copepods 
in synthetic seawater with separate addition of fulvic acid and alginic acid. The *1h label 
relates to NM-facilitated removal of oil after 1 hour with fulvic acid and with alginic acid. 
The error bars represent one standard deviation (n=3). * (p < 0.05).  
 
  
34 
 
Figure 2.6. Growth curve versus time of M. hydrocarbonoclasticus incubated in marine 
broth (MB) media alone (control), media plus WAF (MB + WAF), media plus 
nanomaterials (MB + NMs) and media, WAF and NMs. 
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CHAPTER 3 
 
A NOVEL METHOD FOR THE SYNERGISTIC REMEDIATION OF OIL-WATER 
MIXTURES USING NANOPARTICLES AND OIL-DEGRADING BACTERIA 
 
 
 
 
 
 
 
 
 
 
 
Alabresm A, Chen YP, Decho AW, Lead J. A novel method for the synergistic remediation 
of oil-water mixtures using nanoparticles and oil-degrading bacteria. Science of the Total 
Environment 2018; 630: 1292-1297.10.1016/j.scitotenv.2018.02.277. 
Reprinted here with permission of publisher.   
36 
Running title: A Novel Method for the Synergistic Remediation of Oil-Water Mixtures 
Using Nanoparticles and Oil-Degrading Bacteria 
 
Author for correspondence: 
*Dr. Jamie Lead, Ph.D. Center for Environmental Nanoscience and Risk (CENR), 
Department of Environmental Health Sciences, Arnold School of Public Health, 
University of South Carolina, Columbia, South Carolina 29208, United States. Phone: 
(803) 777-0091; fax: (803) 777-3391; e-mail: jlead@mailbox.sc.edu.  
 
Abstract: Releases of crude oil and other types of oil from numerous sources can impose 
catastrophic physical, chemical, and biological effects on aquatic ecosystems. While 
currently-used oil removal techniques possess many advantages, they have inherent 
limitations, including low removal efficiencies and waste disposal challenges.  The present 
study quantified the synergistic interactions of polyvinylpyrrolidone (PVP) coated 
magnetite nanoparticles (NP) and oil- degrading bacteria for enhanced oil removal at the 
laboratory scale. The results showed that at relatively high oil concentrations (375 mg L-
1), NP alone could remove approximately 70% of lower-chain alkanes (C9−C22) and 65% 
of higher-chain (C23−C26), after only 1 h, when magnetic separation of NP was used. 
Removal efficiency did not increase significantly after that, which was likely due to 
saturation of the NP with oil. Microbial bioremediation, using strains of oil-degrading 
bacteria, removed almost zero oil immediately but 80-90 % removal after 24-48 hours. The 
combination of NPs and oil-degrading bacterial strains worked effectively to remove 
essentially 100% of oil within 48 hours or less. This was likely due to the sorption of oil 
components to NPs and their subsequent utilization by bacteria as a joint Fe and C source, 
37 
although the mechanisms of removal require further testing. Furthermore, results showed 
that the emission of selected volatile organic compounds (VOCs) and semi volatile organic 
compounds (SVOCs) were reduced after addition of NPs and bacteria separately. When 
combined, VOC and SVOC emissions were reduced by up to 80 %. 
3.1. INTRODUCTION 
Crude and other types of oil are released from numerous sources including 
industrial wastes, extraction and transportation and can impose catastrophic physical, 
chemical, and biological effects on aquatic ecosystems[286, 287]. For instance, in the 
Deepwater Horizon oil spill (2010) nearly five million barrels of oil were released into the 
surface, subsurface and deep water of the Gulf of Mexico [288]. This maritime disaster 
caused severe damage to both coastal and open ocean habitats [289, 290], along with costly 
economic damage. Due to the hazardous nature of crude oil spills on the marine 
environment, a rapid response is required to minimize the resulting environmental impact.  
Currently used oil removal techniques, in addition to their advantages, have severe 
limitations. For example, barriers and sorbents are typically employed as a first response 
to oil spills. However, they have low removal efficiency and waste disposal is challenging 
[252, 291-293]. Skimmers are useful when oil is concentrated in the surface layer, but they 
are limited by waves and currents [294]. In-situ burning is a rapid method used in 
conjunction with fire-resistant barriers, but other factors such as weather, oil type and slick 
thickness can influence its effectiveness. In addition, burning results in localized 
atmospheric pollution [295]. Dispersants act to break oil into small droplets, but potentially 
increases the concentration of harmful components in the water column, which can enhance 
toxicity to aquatic organisms [254]. Biological approaches are useful, but are directly 
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influenced by factors such as availability of appropriate microorganisms, the concentration 
of oil and the bioavailability of nutrients [296]. For these reasons, biological removal alone 
can be relatively slow.  
In general, bioremediation is often based on in-situ stimulation of the natural 
indigenous microorganisms (biostimulation) or additions of oil-degrading microorganisms 
(bioaugmentation) [297]. In both cases, bioremediation is a relatively slow process, which 
may require months for completion [298] and also it is limited by factors mentioned above. 
In order to accelerate natural biodegradation, the addition of nutrients is necessary for the 
growth of biodegrading-bacteria especially during  oil spills [299]. In addition, oil spills 
can negatively influence the biodegradation process by increasing the microbial lag phase 
[296]. NPs (defined as having at least one dimension in the size range of 1 to 100 nm) have 
been widely used for environmental remediation of a wide variety of organic and inorganic 
contaminants due to their efficiency and effectiveness [300, 301]. NPs are excellent 
adsorbents due to their large specific surface areas, which can greatly improve the 
adsorption capacities of sorbent materials [302]. Due to unique properties and relatively 
easy synthesis, Iron oxide NPs have attracted a lot of attention for various applications 
[303, 304]. Several studies highlighted the potential of iron oxide NPs for oil remediation. 
For instance, polyurethane foams functionalized with superparamagnetic iron oxide NPs 
have been developed to separate efficiently oil from water [220]. Commercial magnetite 
NPs were used with superhydrophopic polyester materials to adsorb oil with high [305].  
Iron oxide NPs with cobalt were used in environmentally friendly techniques to remove 
crude oil from water [306]. Despite the excellent performance of these nanoscale materials, 
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most of them are effective on the surface of oil slicks, generate toxic material and often 
expensive. 
Building on this recent work, the authors have used polyvinylpyrrolidone (PVP)-
coated iron oxide NPs have been used effectively to remediate approximately 100% of oil 
contaminated waters [264, 265]. A novel hydrothermal flow-through synthesis technique 
has been developed successfully to scale up production of PVP-coated iron oxide NPs 
[307]. Moreover, our previous work has shown near complete amelioration of oil toxicity 
to harpacticoid copepods using these NPs, while at the same time stimulating the growth 
of oil-degrading bacteria [308]. Those initial data suggest that, if these NPs are added 
rapidly to oil spills, they might be the basis of a viable in-situ oil remediation method. The 
data presented in this paper take this method further forward and directly test oil removal 
using nanotechnology and microbial remediation.  
Some studies have previously investigated nanotechnologies or bacteria in 
bioremediation [309, 310]. However, no study, to our knowledge our knowledge, has 
synergistically used nanotechnology and microbial bioremediation to degrade oil spills in 
simulate marine environments Therefore, this study aimed to develop a novel method could 
be utilized in application of nanoparticles and natural oil-degrading bacteria for oil 
remediation in marine and non-marine systems. In the present study, we further quantify 
the synergistic interactions of polyvinylpyrrolidone (PVP) coated magnetite NPs and oil- 
degrading bacteria for enhanced oil removal at the laboratory scale. 
3.2. MATERIALS AND METHODS 
A facile and low cost method of hydrothermal synthesis in ambient air was used to 
produce PVP-coated iron oxide NPs [308]. In summary, ultrahigh pure water (UHP; 18.2 
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MΩ cm −1), 6.25 mL, was used to dissolve PVP (Mw 10 kDa, 1.8 g, Sigma-Aldrich) at 80 
± 5 °C. Then, both Fe Cl2.4H2O (0.198 g of 98%, Alfa Aesar) and Fe Cl3.6H2O (1.081  g  
of > 98%, BDH) were added together to the solution and stirred at 80 ± 5 °C for an 
additional 10 minutes. In the next step, 1.2 g PVP was added into the mixture and stirred 
at 80 ± 5 °C for 10 minutes.  Finally, 6.25 mL ammonium hydroxide (28-30%, BDH) was 
added dropwise into the solution at 80 ± 5 °C under stirring and the color immediately 
turned from yellow to black. The suspension was subsequently stirred for 25 minutes at 90 
± 5 °C. Suspensions were separated magnetically, and washed with UHP water. The 
suspension was re-dispersed in UHP water using sonication. The NP solution was kept at 
4°C for further use. 
 The characteristics of PVP-coated iron oxide NPs have been measured in a 
previous study [265], and are summarized as follows: Atomic force microscopy (AFM) 
and dynamic light scattering (DLS) were used to determine the morphological features and 
diameters of the NPs respectively.  Based on AFM results, the median particle size was 
11.2 nm (interquartile range: 6.3−18.3 nm). On the basis of DLS, the hydrodynamic 
diameter was 127.4 ± 4.2 nm. The average zeta potential was 11.2 ± 0.6 mV. After removal 
of residual dissolved Fe, the total iron concentration was 18 mg L-1 as measured by 
inductively coupled plasma-optical emission spectrometer (ICP-OES; Varian 710-ES).  
Crude oil, representative of BP Deepwater Horizon spill (reference MC252 
surrogate oil; sample ID: A0068H, Aecom Environment) was used to prepare the oil-water 
mixtures. The crude oil was mixed well with filtered seawater (30 ppt) in 250-mL 
Erlenmeyer flask via sonication (Branson 2800, 40 kHz, ambient conditions) for one hour 
to prepare the oil sample for the oil removal/degradation experiments. The oil 
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concentration in all experiments was 375 ± 10 mg L-1, similar to literature values [311]. 
These concentration values are substantially higher than the concentrations used with NPs 
alone [264, 265, 307, 312, 313].   
Bacterial strains used in experiments included: (1) Halomonas sp isolated from oil 
contaminated soil obtained from Fort Jackson (Columbia, SC, USA 33° 59N 80° 1"W). 
The strain was identified by 16S rRNA gene sequencing and analysis and has a 
phylogenetic relationship with the species of the genus Halomonas sp. (Figure 1). (2) The 
marine bacterium, Vibrio gazogenes (ATCC43942) [314], previously isolated from an 
estuarine system (Georgetown, SC, USA 33° 20N 79° 10W), and having a 98.7% 16S 
rRNA sequence similarity to the original type strain, Vibrio gazogenes (ATCC 29988) 
[315]. Marinobacter hydrocarbonoclasticus SP17 (ATCC 49840) strain was initially 
described by Gauthier et al [316]. It was chosen for its ability to degrade oil hydrocarbons 
and its common presence in marine environment [317].  
To examine the degradation of oil, each strain was grown in 250 ml Erlenmeyer 
flasks containing 50 ml of total media, containing 9.3 g L -1 marine broth 2216 (Difco 
Laboratories, Detroit, Mich.), with oil at 375 mg L -1, PVP-coated iron oxide NPs 18 mg L 
-1 or both. The media were inoculated simultaneously with 2 ml of cell suspensions of 
either Halomonas sp., V. gazogenes or M. hydrocarbonoclasticus SP17 having a density of 
1 × 106 cells mL−1 . After this, cultures  were incubated  at 28 °C for 72 hours while shaking 
(Excella E24, New Brunswick Scientific, Edison, NJ) (180 rpm). All experiments were 
carried out in triplicate. Residual oil was quantified by GC-MS on an Agilent 6890N gas 
chromatography system or an Agilent 5975 mass spectrometer equipped with an auto 
sampler (Agilent 7683B) as described in previous study [265]. The analytical GC column 
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was an Agilent TG-5MS (30 m × 0.25mm I.D., 0.25 µm film thickness) coated with 5% 
phenylmethylsiloxane stationary phase. High-purity helium (99.9%) at a constant flow rate 
of 1.5 mL min-1 was used as the carrier gas. 1µl of extracted sample was injected; with the 
injection port maintained at 250 °C in the splitless mode. Spectra were obtained in the 
electron impact mode (70 eV) scanning from 40 m/z to 400 m/z. The oven temperature was 
operated from 40 °C to 300 °C rising at 10 °C min-1. Saturated hydrocarbons were 
monitored in the oil samples before and after the bacterial growth and before and after NPs 
separation. 
To analyze emission of VOCs and SVOCs during biodegradation, bacteria were 
incubated at 28 °C for 48 hours while shaking (180 rpm). All experiments were carried out 
in triplicate.  VOCs were analyzed by GC-MS PerkinElmer (Clars 680), by using a DB - 5 
MS column (30 m, i.d. 0.25 mm, film thickness 25 μm) for vapour phase separation, with 
He flux at 13.8 kPa, temperature gradient 40 °C, 5 min, 150 °C (6 °C min−1), 2 min, 250 
°C (10 °C min−1), 2 min, 350 °C, (60 °C min−1), injector temperature 250 °C, and splitless 
injection. The MS ion source and interface temperatures were set at 250 °C; the detector 
voltage was set at 0.8 kV and m/z was 40–250. 
A two-way ANOVA was used to determine the effects of experimental treatments 
and time, on concentrations of soluble oil. The first factor was three oil-treatment effects 
and control were compared as follow: NPs-only group, bacteria-only group and NP + 
Bacteria group, and a non-treated as control. The second factor was effect of incubation 
time and consisted of:  0-hr (control), 1-hr, 24-hr, and 48-hr incubations. All analyses were 
performed using Prism (version 7.00 for Windows, GraphPad Software, La Jolla California 
USA). 
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3.3. RESULT AND DISCUSSION 
Oil removal was first tested using PVP-coated iron oxide NPs only. The results 
indicated that approximately 70% of lower chain alkanes (C9−C22) and 65% of higher 
chain (C23−C26) were removed after one hour of magnetic separation (Figure 1a). The 
mechanism suggested for oil removal by NPs was investigated in previous studies [264, 
265, 313]. and the current hypothesis is sorption on or within the PVP, driven by the 
hydrophobic effect. Ongoing research is studying the mechanism of oil removal. Oil 
concentrations (375 mg L-1) were higher than those in previous work (150 mg L-1) [265]. 
The higher concentration was efficiently removed (approx. 67%), but with a lower 
efficiency than at the lower oil concentrations (approx. 100%) and the same NP 
concentrations, as might be expected. Nevertheless, oil removal efficiency was still very 
good, given the low NP concentrations. No time dependent increases in oil removal was 
observed, suggesting the NPs were saturated with oil within 1 hour.  
Experiments were then conducted to determine whether oil could be degraded 
separately by three different species of bacteria. For Halomonas sp., results from GC-MS 
showed that oil removal was negligible after just one hour incubation, due to the low 
number of bacterial cells present. Subsequently, however, 30% of the added oil was 
degraded during the first 24 h, followed by 85% removal after 48 h, and oil completely 
removed after 72 h (Figure 1b and table 1) as bacterial numbers increased. No measurable 
degradation of oil was detected in the controls (without bacteria) after 72 hours incubation. 
This suggests that oil is fully degradable by bacteria but that the addition of nanoparticles 
increases the rate of degradation substantially. Previously reports have indicated that some 
species of Halomonas have oil-degrading capabilities [318, 319]. Our present result reveals 
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that Halomonas sp. possesses a strong crude oil-degrading ability that requires 
approximately 48 hours. V. gazogenes and M. hydrocarbonoclasticus also demonstrated 
excellent oil degradation capacities, but only after 48 hours incubation (Figures S1 and S2). 
Data showed that 85% and 75% of alkane compounds were completely removed from 
samples by V. gazogenes and M. hydrocarbonoclasticus of 48 hours compare to controls.   
The percent removal of n-alkanes (C9-C26) was enhanced significantly when NPs 
and oil-degrading bacteria were added together. In the case of Halomonas sp. with the NPs, 
the GC-MS results indicated an oil removal approaching 65-75 % just after one hour (Table 
1 and Figure 1 C). This removal was likely due to the effectiveness of the NPs in absorbing 
oil as indicated above. However, removal percentages significantly increased (p > 0.05) 
and reached 100% after only 24 h with both NPs and bacteria present compared to the 
original oil-water mixture (control). Taken together, this suggests that the NPs coupled 
with bacteria strongly improved oil removal, both in terms of kinetics and the total amount 
of oil removed. This synergetic increase oil removal rate significantly and substantially, 
rather than opening degradation of previously untreated oil fractions. 
The exact mechanisms are not fully elucidated, although our previous work has 
shown increased growth of bacteria in the presence of oil and NPs. These bacteria may 
utilize oil as a carbon and energy source. Further the iron in the PVP-coated iron oxide NPs 
are also essential and limiting microbial nutrients, and may provide a source of iron [320]. 
Additionally, PVP-coated iron oxide NPs may contribute a vital role to oil-degrading 
bacteria by collecting hydrocarbons from the surrounding water and bringing into direct 
contact with bacteria in a form which is more easily used. Generally, oil-degrading bacteria 
need a physical contact with hydrocarbons to the initiate biodegradation. [321]. NPs may 
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play those roles by making oil in direct contact with bacteria and deliver it as a more-easily 
accessible carbon source. Additional research is needed to determine the mechanism of oil 
removal. Furthermore, selected VOCs and SVOCs were detected from the oil (Table 2). 
The results indicated that the emission of the selected VOCs and SVOCs over time and in 
the absence of the NPs and bacteria increased significantly (p < 0.05) at the percent 
approximately 60 overtimes. The addition of the NPs and bacteria separately decreased the 
emission of the selected VOCs and SVOCs significantly (p < 0.05) except of hexane. In 
the case of hexane, the levels were similar to those at time zero (in the control there was a 
20% increase). The addition of NPs and oil-degrading bacteria together decreased the 
emission of the selected VOCs and SVOCs significantly (p < 0.05) after 48 hours and by 
a much greater amount than either alone. This reduction is consistent with the changes 
observed on the aqueous phase oil components. Most likely, the same mechanism was 
operative i.e., sorption by NPs and more rapid degradation by the bacteria. 
Interestingly, previous work has shown that these type engineered of NPs are not 
toxic to aquatic organisms and in fact remove associated acute oil toxicity [308], whereas 
other oil treatments such as dispersants can have severe impacts on the growth of oil-
degrading bacteria and other marine life, both directly and through making the oil more 
toxic. For instance, during Deepwater Horizon oil spill, more than 990 000 gallons of 
dispersant  were used [322] and this increased the toxicity of the oil to the marine 
ecosystem, causing severe damage to many different ecological habitats [323].  
Other potential limitations exist such as available nitrogen and phosphorous [324]. 
These NPs may adsorb and accumulate nitrate and phosphorus in addition to oil and make 
the NP complex enhanced in essential nutrients for bacteria.  Thus, PVP-coated iron oxide 
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NPs not only may act as environmentally friendly oil collector, but also as nutrients rich 
fertilizer for oil-degrading bacteria. 
In the case of V. gazogenes and M. hydrocarbonoclasticus, the results indicated that 
these strains, in the presence of  PVP- coated iron oxide NPs have excellent capability and 
capacity to remove oil from water (Table 1, Figures 2 and 3). Although further testing at 
the mesocosm and field scales is required, the immediate application of PVP-coated iron 
oxide NPs and bacteria to oil spills could enhance in-situ oil degradation (and reduce oil 
toxicity). 
3.4. CONCLUSION 
The results indicated that NPs alone could remove approximately 70% of lower-
chain alkanes (C9−C22) and 65% of higher-chain (C23−C26), at relatively high oil 
concentrations after only 1 hour of incubation. Removal efficiency did not increase 
significantly after that time, which was likely due to saturation of the NP with oil. Microbial 
bioremediation, using strains of oil-degrading bacteria, removed almost zero oil 
immediately, but there was 80-90 % removal after 24-48 hours. Taken together, the 
combination of NPs and oil-degrading bacterial strains worked significantly more 
efficiently to remove oil within a shorter time frame. This was likely due to the binding of 
oil components to NPs and their following utilization by bacteria as a joint Fe and C source. 
Although the combined method is highly effective at the laboratory scale, a major 
challenge in is its scalability and effectiveness at larger and more complex scales such as 
in mesocosms or in the field. The emission of selected VOCs and SVOCs decreased 
significantly when NPs and/or oil-degrading bacteria were used separately or together. 
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Table 3.1. Percentage of n-alkane removal/degradation by PVP-coated iron oxide NPs, 
Halamonas sp., V. gazogenes, M. hydrocarbonoclasticus and both after 1, 24 and 48 hours 
of incubation at 28 ± 1°C with shaking (180 rpm), X and SD represent mean and standard 
deviation. 
 Oil removal (%) 
 1 hour 24 hours 48 hours 
 
X SD X SD X SD 
NPs 65 5 65 6 65 8 
Halamonas sp. 0 0 35 8 88 9 
V. gazogenes 0 0 32 8 85 9 
M. hydrocarbonoclasticus 0 0 29 10 75 11 
NPs +Halomonas sp. 65 5 100 0 100 0 
NPs + V. gazogenes 65 5 100 0 100 0 
NPs + M. 
hydrocarbonoclasticus 
65 5 95 5 100 0 
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Table 3.2. GC-MS results of VOCs/SVOCs removal by PVP-coated iron oxide NPs, 
Bacteria (Halamonas sp) and both after 1 hour and 48 hours. * (p < 0.05). 
 
VOCs removal Percentage %  
(1 hour) 
VOCs removal Percentage %  
(48 hours) 
VOCs 
Oil 
(Control) 
Oil 
+ 
NPs 
Oil + 
Bacteria 
Oil + 
Bacteria 
+ NPs 
Oil 
(Control) 
Oil + 
NPs 
Oil + 
Bacteria 
Oil + 
Bacteria 
+ NPs 
Hexane 100 100 100 100 120* 100 100 90 
Chlorohexane 100 100 100 100 100 95 65* 55* 
Heptane 100 100 100 100 125* 95 80* 70* 
Cyclohexane 
methyl 
100 100 100 100 130* 70* 70* 50* 
Heptane 
methyl 
100 100 100 100 170* 80* 80* 40* 
Octane 100 100 100 100 155* 70* 60* 30* 
Nonane 100 100 100 100 140* 40* 55* 20* 
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Figure 3.1. Phylogenetic tree based on 16S rRNA gene sequences for bacterial strain 
(C170317422-OB) isolated from soil contaminated with oil.
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Figure 3.2. GC-MS results of n-alkane removal/degradation by a) PVP-coated iron oxide 
NPs after I h. b) by Halamonas sp. after 1, 24, 48 and 72 h. c) by both after 1, 24 and 48 h. 
Error bars represent one standard deviation (n=3). * (p < 0.05).  
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Figure 3.3. GC - MS results of n-alkane removal/degradation by a) PVP-coated iron oxide 
NPs after 1 h. b) by V. gazogenes after 1, 24 and 48 h. c) by both after 1, 24 and 48 h. 
Values are means, and error bars represent one standard deviation (n=3). * (p < 0.05). 
53 
  
Figure 3.4. GC - MS results of n-alkane removal/degradation a) by PVP-coated iron oxide 
NPs after 1 h. 2) by M. hydrocarbonoclasticus after 1, 24 and 48 h. 3) by both after 1, 24 
and 48 h. Bars are means and error bars represent one standard deviation (n=3). * (p < 
0.05).
54 
CHAPTER 4 
 
A NOVEL METHOD TO ESTIMATE CELLULAR INTERNALIZATION OF 
NANOPARTICLES INTO GRAM-NEGATIVE BACTERIA:  
NON-LYTIC REMOVAL OF OUTER MEMBRANE AND CELL WALL 
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Abstract 
The uptake and internalization of nanoparticles (NPs) directly onto and into bacterial cells 
is a newly-emerging area of interest due to their inherent toxicity and wide exposure. 
However, determination of cellular internalization is challenging because of the difficulty 
of separating aqueous phase and cellularly associated NPs and, more importantly, of 
differentiating between internalized and surface sorbed material. In this work, we 
developed and validated an extraction method which can operationally estimate 
internalization of metal NPs into Gram-negative bacteria. The outer cell membrane and 
cell wall, collectively called the periplasm, was successfully removed from bacterial cells 
using ethylenediaminetetraacetic acid (EDTA) at an optimized exposure period and 
concentration, without lysis of cells. This was followed by standard digestion and metal 
measurements. Verification of each step of the methodology was conducted by assessing 
both cellular and metal behavior using several approaches. Specifically, live/dead staining 
of cells and optical density measurements, transmission electron microscopy (TEM)  and 
metal analysis of the supernatant indicated that the method operationally separated 
externally-localized NPs from those internalized within the bacterium. 
4.1. INTRODUCTION 
The unique physicochemical properties of nanoparticles (NPs; particles having at 
least one dimension in the size range of 1 to 100 nm [211]), offer potential for numerous 
applications in many sectors [325-327]. Indirect discharge, from a variety of waste streams, 
or direct discharge to the environment, (e.g., remediation of contaminants using NPs, 
commonly called nanoremediation [327]), results in releases to the environment. 
Additionally, NPs released into the environment may directly interact with biological 
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materials and may have adverse consequences for human and environment health [328, 
329]. Due to lack of information regarding the internalization and measurement of 
manufactured NPs into biological systems, estimation and quantification of internalized 
NPs recently drawn increasing attention. 
Cellular uptake is one of the most important biological processes regulating access 
of materials including NPs through cell walls/membranes [211, 330-332]. Studies on 
biouptake are critically important to address the biological and environmental effects of 
NPs exposure. Although numerous studies have been conducted to address the interaction 
between NPs and biological materials, in particular, eukaryotic cells [333-335], few have 
focused on measurement of internalized NPs. Some studies have demonstrated the transfer 
of NPs from solution to biomass, but methods that estimate intracellular NPs remain 
limited  [336] . Relatively fewer studies, however, have examined measuring  internalized 
NPs in prokaryotic cells. [337-340].  
Currently, several methods are used to demonstrate the presence of NPs in cells 
[341-343]. The most frequently used are confocal laser scanning microscopy (CLSM) and 
electron microscopy (EM) ; transmission (TEM) and scanning (SEM). However, there are 
challenges associated with these methods. For example, CLSM has been used for 
demonstrating internalized NPs, but it is not powerful enough for distinguishing the 
location of the NPs at the nano-level [344]. TEM was used to demonstrate the presence of 
NPs in cells [345, 346]. Although TEM is capable to provide a resolution in the nanometer 
range, it is necessary to associate with other techniques to analyze the composition of NPs 
[211, 345].  
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The main key in NPs uptake is the quantitative measurement of intercellular NP 
uptake. Several factors might influence internalization of NPs into cells such as 
attraction/repulsion between NPs with the outer membranes/cell walls [330, 347] and cell 
membrane and wall damage resulting from NP contact [348]. Transport NPs through 
undamaged membrane is affected by NPs’ size, shape and chemical composition [349]. 
Furthermore, physicochemical properties of NPs such as shape, size, chemical composition 
and surface functional group have a direct influence on NP cellular uptake [336]. Given 
these facts, there is no specific recommend technique that could be used for quantification 
of different NPs types which exist nowadays TEM has been used to quantify NP uptake 
into cells but rarely because it is costly, time consuming and requires optimum sample 
preparation [350]. Flow cytometric analysis is generally used to quantify NPs uptake either 
by labeling NPs with fluorochromes [351] or by using fluorescent NPs [352]. However, a 
major limitation of this method is the ability to differentiate between intracellular and cell 
surface localized NPs. But, surprisingly, this has received little attention [347]. In order to 
understand the potential NP intercellular fate, quantification of NPs uptake is a crucial 
parameter for objectivity measurements.  
Previously, we have shown excellent oil removal from environmental samples 
[222, 223, 353, 354] using a combination of NPs and oil-degrading bacteria over a short 
time frame [308, 355]. In these studies, bacterial growth was enhanced significantly in the 
presence of oil and NPs. This was likely due to the direct contact and agglomeration of the 
oil-NPs complexes to bacterial cells followed by facile utilization of combined C and Fe 
sources. However, the mechanism of this interaction is currently unknown. In this study, 
we developed a novel method to quantify internalized NPs, and specifically to differentiate 
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between internalized and surface attached-NPs using ethylenediaminetetraacetic acid 
(EDTA). The method was developed in response to this specific nanotechnology, but likely 
has wider applications for quantifying NP and metal internalization processes in Gram 
negative bacteria.  
EDTA is a chelating agent that exhibits high affinity for divalent metal cations. 
Several studies have reported that EDTA, when used as chelator agent, has disruptive 
effects on the outer membranes of Gram negative-bacteria [356-358]. Gram-negative 
bacteria possess an outer membrane, composed of lipopolysaccharide (LPS) that is 
underlain by a cell wall. The outer membrane and cell wall are  stabilized by divalent 
cations (Mg2+ and Ca2+). Exposure to EDTA,  and its subsequent binding of  cations 
reduces the structural stability between adjacent LPS molecules and leads to the rapid loss 
of the LPS layer in outer membrane. Our methodological approach was to evaluate the role 
of  EDTA on removal of the outer membrane and cell wall layers and the NPs that were 
bound to the outer surfaces of the cell. This would provide a more resolute measurement 
of metal NPs contained within the bacterial cytoplasm. 
4.2. MATERIALS AND METHODS 
Nanoparticle Synthesis PVP- coated iron oxide NPs were synthesized using a 
facile and low-cost method of the hydrothermal synthesis in ambient air conditions. The 
synthesis methods has been published previously [308, 353] and [223] with modification. 
Briefly, PVP (Mw 10 kDa, 1.8 g, Sigma-Aldrich) was dissolved in 6.25 mL of ultrahigh 
purity water (UHP; 18.2 MΩ cm −1) by stirring at 80 ±  5 °C for 10 minutes. Then, both 
FeCl2.4H2O (0.198 g,98%, Alfa Aesar) and FeCl3.6H2O (1.081 g, > 98%, BDH) were 
added together to the solution and stirred at 80 ± 5 °C for an additional 10 minutes. Then, 
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1.2 g PVP was added into the solution and stirred at 80 ± 5 °C for 10 minutes. Finally, 6.25 
mL ammonium hydroxide (28-30%, BDH) was added dropwise into the solution at 80 ± 5 
°C while being stirred and the color turned immediately from yellow to black. The solution 
was stirred for 25 minutes at 90 ± 5 °C. The suspension was separated magnetically and 
washed with UHP water. The suspension was re-dispersed in UHP water using sonication. 
The final NM solution was kept at 4°C for further use. 
Nanoparticle Characterization NP properties have been reported elsewhere 
[353]. The total dissolved iron concentration of the stock was measured by inductively 
coupled plasma-optical emission spectrometer (ICP-OES; Varian 710-ES). The surface 
morphology and characterization of PVP-coated iron oxide NPs was examined using TEM 
(Hitachi, HT7800, Japan) and energy dispersive X-ray spectroscopic (EDX) detection for 
elemental analysis. TEM samples were prepared by ultracentrifugation of NP suspensions 
onto a TEM grid at 40,000 rpm (150,000 × g) using a Beckman ultracentrifuge (L7-65 
Ultracentrifuge) with a swinging rotor SW40Ti as described in a previous study [359-361]. 
The distribution of NPs sizes was determined using ImageJ software. The counting was 
performed on 100 to 150 particles. Dynamic light scattering (DLS) and zeta potential 
measurement were performed on a Malvern Nanosizer instrument (pH 6−8). DLS 
measurements were repeated three times at 25 °C after 2 min equilibrium time to stabilize 
the sample temperature. Mean zeta potentials and their respective standard deviations were 
determined from 10 replicates of 50−100 runs each. 
Bacterial strain: A Halomonas sp. isolate was used in the experiments. The strain 
was identified by 16S rRNA gene sequencing and analysis and has a phylogenetic 
relationship with the species of the genus Halomonas sp. [355].  
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Periplasm Removal Experiments using EDTA (ethylenediaminetetraacetic 
acid, (C10H16N2O8) CAS No. 60-00-4; Mol. Mass= 292.24 g . Mol-1): Bacteria were 
cultivated on marine broth 2216 (Difco Laboratories, Detroit, Mich.). The cells were 
cultured to late log phase at a cell concentration optical density of 0.7±0.05, at OD600 nm, 
then, harvested by centrifugation at room temperature for 5 min at 10000 rpm, and 
resuspended in the same volume of PBS buffer. Aliquots (90 μL) of this cell suspension 
were pipetted onto 96 well plate. Different concentrations of EDTA (5, 10, 20, 30, 40, 50, 
75, and 100 mM final concentration) or buffer (control) were added to wells to make up a 
total volume of 200 μl. Each experiment was performed at least three times.  OD600 nm 
was used to determine bacterial suspension turbidity. 
Effects of 30 mM EDTA on the Outer Bacterial Membrane Bacteria, 
Halomonas sp., were cultivated and harvested by centrifugation for 5 min at 10000 g, then 
resuspended into an equivalent volume of PBS buffer. Cultures were placed in 250 mL 
Erlenmeyer flasks containing 50 mL of total solution, containing 30 mM EDTA. Following 
this, cultures were incubated at 30 °C for 3 h while shaking (Excella E24, New Brunswick 
Scientific, Edison, NJ) (180 rpm). All experiments were carried out in triplicate. OD600 nm 
was used to determine bacterial suspension turbidity. 
Determinations of Cell-Viability Post-Periplasmic Removal The LIVE/DEAD 
BacLight (L7012) viability stain, was prepared according to the manufacturer’s 
instructions (Molecular Probes, Inc, USA. The bacterial solution was centrifuged at 10000 
× g for 5 minutes. The supernatant was removed, and the pellet resuspended in 2 mL of 
0.85% NaCl. For staining, equal volumes of SYTO 9 and propidium iodide were combined 
in a microfuge tube and mixed thoroughly. Then 3 μL of the dye mixture was added to 1 
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mL aliquots of bacterial suspension, mixed thoroughly, then incubated at room temperature 
in darkness for 15 minutes. Aliquots (5 μL) of the stained bacterial suspension were placed 
on slides and with coverslips, then observed using confocal laser scanning microscopy 
(CLSM). This Kit is based on a combination of two probes; SYTO9 is a membrane-
permeant nucleic acid stain (green fluorescence at 530 nm upon excitation at 488 nm). 
Whereas propidium iodide (PI, red fluorescence at 620 nm upon excitation at 488 nm) 
enters only the cells whose membranes have been injured. Since PI has a higher affinity 
for DNA than SYTO9 it is able to displace SYTO9 from the DNA. Thus, viable cells will 
be observed as green and dead cells as red (damaged cells can sometimes be seen as 
orange). 
Internalization of NPs into bacterial cells TEM was used to observe 
internalization of PVP-coated iron oxide NPs into bacterial cells. Thin sections were 
prepared by conventional embedding method [362] with modification. In summary, 
bacteria were concentrated by centrifugation, resuspended in PBS and then were fixed 
2.5% glutaraldehyde (Sigma–Aldrich). The samples were then post-fixed in 1% OsO4 
(osmium tetroxide) and 1.5% potassium ferricyanide in PBS for 1 h at room temperature, 
then rinsed in (DI) water, and dehydrated through a graded ethanol series up to 100%. 
Samples were impregnated with increasing concentrations of PolyBed 812 up to pure resin, 
using acetonitrile as an intermediate solvent, then embedded and cured at 60 °C for two 
days. The embedded samples were cut on an ultramicrotome (Leica Ultracut R) to 100 nm 
thickness and placed on copper grids stained with saturated uranyl acetate for 5–10 min. 
The contrasted sections were observed through a JEOL200CX TEM (Tokyo, Japan) 
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operated at 120 kV. Images were captured using Axiovision, Software Engine Version 
5.42.479 by AMT (Advanced Microscopy Techniques, Danvers, MA). 
Method to measure cellular uptake of NPs into Gram-negative bacteria Here, 
we developed a novel and simple approach to estimate actually internalized that NPs that 
were taken up into Gram-negative bacterial cells and able to differentiate cytoplasmic-
localized NPs from surface attached-NPs through removal of the bacterial outer membrane 
and cell wall. Figure 1 briefly illustrates this approach. In summary, known concentration 
of late log phase cultured cells were exposed to 2 mg/L-1 PVP-coated iron oxide NPs for 
one h. Because the major portion of the outer membrane of Gram-negative bacteria consists 
of LPS, some NPs tend to electrostatically attach to LPS as mentioned earlier while some 
NPs might penetrate the cell wall. To remove surface attached-NPs, 30mM EDTA 
(bacterial strain dependent) was added to the bacterial suspension for three hours to remove 
the outer membrane and the NPs that were bound to LPS. The action of EDTA is suggested 
to involve chelation of divalent cations embedded within LPS, which play an important 
role in maintaining the structure integrity of the outer membrane. Subsequently, vast 
quantities of LPS are released into solution (following centrifugation) including NPs that 
were bound to it. Cells were washed twice with PBS to halt the chelating action of EDTA. 
The supernatant, which contained non-internalized NPs was then removed.  
Finally, Finnigan ELEMENT XR double focusing magnetic sector field inductively 
coupled plasma-mass spectrometer (SF-ICP-MS) was used for the analysis with Ir and/or 
Rh as internal standards. 0.2 ml/min Micromist U-series nebulizer (GE, Australia), quartz 
torch and injector (Thermo Fisher Scientific, USA) were used to quantify proposed 
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fractions of internalized NPs and were compared to NP fractions contained in the 
supernatant. 
4.3. RESULTS AND DISCUSSION 
Characteristics of the PVP-coated iron oxide NPs have been measured by a multi-
method approach including DLS, TEM and EDX. A mean core size of 13.7 ± 4.4 nm was 
indicated by TEM imaging and the size distributions obtained by ImageJ software ( Figure 
2).The hydrodynamic diameter was estimated at 98.4 ± 4.2 nm as measured by DLS (Figure 
2 d). The mean zeta potential was 11.2 ± 0.6 mV.  
Interactions between PVP-coated iron oxide NPs and bacterial cells are shown in 
Figure 3. The TEM micrographs indicate that large numbers of NPs are initially sorbed to 
the surfaces of bacterial cells and/or taken up by cells when compared to controls cells. 
The images showed that NPs were attached nonspecifically to the outer membrane and that 
this occurred without any observable cell damage. They also suggest that NPs could be 
also seen inside of cells (Figure 3b and 3c). Furthermore, Figure 4 shows TEM 
observations of thin sections of the bacteria before and after contact with the NPs. NPs-
like, electron-dense structures were clearly visible within the confines of individual, intact 
bacterial cells. Unfortunately, it was not possible to identify the composition of the black 
spots as Fe by energy dispersive X-ray spectrometry (EDX) because of the relatively low 
sensitivity of EDX using TEM. However, the absence of such black spots in control 
bacterial cells as well as the appropriate size of the observed dark spots and the lack of any 
other possible explanation strongly suggest that the observed structure are Fe-NPs. 
The Gram-negative bacterial cell envelop, in addition of providing the protection, 
is a selective chemical barrier, and plays a vital role in regulation access of materials 
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including NPs into bacterial cells [330, 332]. This envelop consists of inner plasma 
membrane, a peptidoglycan cell wall and the outer membrane. A major portion of the outer 
membrane consists of approximately 75% LPS [363]. NPs can quickly adsorb to bacterial 
outer membrane and strongly bind to LPS [330, 364, 365]. The principal driving forces for 
NPs sorption are electrostatic interactions such as van der Waals and H-bonds [330]. In 
order to reduce the effect of this phenomena, removal of attached NPs associated with LPS 
without removal of the inner plasma membrane proteins or leakage of cell contents is 
essential to quantify real internalized NPs and differentiate from surface attached NPs.  
Successful removal of the outer membrane in Gram negative bacteria using EDTA 
has been previously reported [332, 356, 358, 366]. Thus, the effect of EDTA was examined 
to determine the optimum EDTA concentration for outer membrane removal without 
causing damage to the inner cell cytoplasm enclosed within the plasma membrane. A time-
killing curve was performed on Halomonas sp. cells after treatments with EDTA. Figure 5 
shows the effect of different EDTA concentrations on bacterial growth over time. Results 
showed after three hours or longer the 20 mM concentration and higher have the 
bactericidal effect on the strain being studied. The optimum EDTA concentration for 
releasing LPS may vary depending on the bacterial strain. However, to our best knowledge, 
there have been no studies to date conducted on Halomonas sp. from which to compared 
with our findings. For this bacterium, a 30 mM concentration of EDTA for 3 hours was 
determined to be optimal for removing the cell envelope and their associated NPs without 
killing cells in Halomonas sp. and was used in subsequent experiments.   
Cell-viability after 30 mM EDTA treatment was determined via live and dead assay 
using confocal microscope as shown in Figure 6. Most of the cells in controls and EDTA 
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treatments for up to three hours consistently emitted a green fluorescence, representing 
viable cells. The cells exhibited a constant level of viability over time. Whereas, the 
increase of red fluorescence, representing dead cells, was significantly noted in the four 
hours of EDTA treatment and higher (p > 0.05). The corresponding percentage of dead the 
bacteria obtained from CLSM images are depicted in Figure 5D. The results suggested that 
EDTA causes the rupture of the outer membrane of the bacteria lysis of the inner cell 
(plasma) membrane. This rupture of the outer LPS occurs through interaction with anionic 
moietites such as phosphates, releasing LPS into the solution.  Since the inner plasma 
membrane lacks these same moietites, there is no disruption of the remainder of the  cells.  
TEM also was used to confirm cell wall changes caused by EDTA. Control cells 
exposed only to PBS, showed a regular cell shape with no visible damaged to the inner 
membrane and intact cell membranes, Figure 7 a. The cells exposed to 30mM EDTA for 2 
hours showed no difference compared to controls, Figure 7 b. Whereas, images collected 
after three hours of exposure to EDTA indicated that most of the cells released some outer 
membrane, while the inner membranes remained intact, Figure 7 c. However, more 
pronounced changes were observed at 4 hours of EDTA exposure Figure 7 d. A large 
number of cells (about 80%) had swelling or observable membrane rupture. Vesicle-like 
protrusions were seen on the bacterial structure surface due to  some of cytoplasmic 
materials pumped out. At this point bacterial cells lost their membrane permeability or the 
inability to sustain membrane integrity from turgor pressure and lysed. This finding is with 
agreement with previous study that revealed that EDTA- treated bacteria produces many 
irregularly shaped pits on the outer membrane [367]. At 5 hours of EDTA exposure, most 
of cells were completely lysed (Figure 7 e).   
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Understanding the  bio-nano interactions requires an understanding the 
mechanisms of interaction as well as  quantification of the NPs as a basis for objectivity. 
The main challenge in the estimation of the internalized NPs is the difficulty in separating 
measurements of NPs between the internalized fraction and those of NPs bound to the outer 
membrane. As illustrated in Figure 1, most of the NPs that pound to the bacterial outer 
layer and the free NPs released to the supernatant and separated from those internalized 
into cells which are located in the pellet. The Fe ions were measured in the pellet represent 
internalized NPs, whereas those were in the supernatant represent free NPs.   
This method was successfully applied to quantify the cellular uptake of PVP-coated 
iron oxide NPs. Bacterial cells at early stage of lag phase were exposed to the NPs. At the 
end of the exposure time, cells were harvested, washed and analyzed. Our results showed 
that the concentration of Fe ions in the pellet, LPS-depleted cells, increased steadily over 
time ( figure 8). Whereas, the Fe concentrations decreased in the supernatant (data not 
shown). This indicates that NPs were taken up into bacterial cell. In terms of the percentage 
of NPs internalized after one hour exposure with respect to number of NPs added, this was 
near 15-20%. The increasing of Fe concentration in the pellet was noticed just after 20 
minutes of exposure, indicating a very fast internalization process. This method is of  
general validity and can be easily applied to other NP systems, and could be promising to 
separate and quantify actual internalized NPs into bacterial cell samples.  
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Figure 4.1. Schematic diagram illustrates the action of EDTA on Gram-negative bacteria 
outer membrane removal and release of most of the sorbed NPs.  
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Figure 4.2. TEM images of PVP-coated iron oxide NPs. a) showing clusters of NPs. The 
mean core size of the NPs is 13.7 ± 4.4 nm obtained by ImageJ. b) showing an individual 
nanoparticle, with a core of iron oxide coated with PVP. c) TEM-EDX spectra of PVP-
coated iron oxide NPs. d) Size distribution intensity graph of PVP- coated iron oxide NPs 
as determined by DLS.  
b 
a c 
d 
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Figure 4.3. TEM micrographs revealing attachment of nanoparticles to the surface and 
within the periplasm of Halomonas sp.  a) bacterial cell without NPs ( control). b and c) 
bacterial cell exposed to NPs. 
  
a b 
c 
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Figure 4.4. The cross-sectional and longitudinal sectional TEM micrographs showing 
interactions of bacteria (Halomonas sp.) and PVP-coated iron oxide NPs. a) longitudinal 
section without NPs ( control). b) longitudinal section with NPs. c) cell cross section 
without NPs ( control). d) cross section with NPs. 
  
a b 
c d 
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Figure 4.5. Time-survival curves of Halomonas sp. cells in the presence of EDTA . The 
graph highlights the effects of different concentrations of EDTA on the bacterial survival 
and growth. 
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Figure 4.6. Confocal laser scanning microscopy (CLSM) images illustrating effects of 
EDTA (30 mM) on cell viability versus time. Cells were stained with BacLight 
LIVE/DEAD®. a) Control. b) After 3 h incubation. c) After 4 h incubation. Live and dead 
cells observed as green and red color, respectively. Note that live cells were not abundant 
after 3 h of incubation in EDTA. d) Percentage of dead bacteria in control and EDTA 
treated bacteria versus time.   
d 
a b 
c 
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Figure 4.7. TEM images illustrating the effects of EDTA (30 mM) on bacteria (Halomonas 
sp.) over time. a-e represent images for control, 2h , 3h, 4 h and 5 h respectively. Note 7d: 
the outer membrane is bubbling outwards shortly before, total collapse of cell (7e). 
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d 
e 
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Figure 4.8. Kinetics of cellular uptake of NPs into bacterial cells. The mean mass of 
internalized Fe increases almost linearly. 
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CHAPTER 5 
CONCLUSION 
Crude and other types of oil spills can be released into environments from different 
sources such as natural seeps or technical problems associated with the oil industry. Oil 
spills cause catastrophic damage to both marine and freshwater environments. New 
technologies have been developed, including nanotechnology, to remove and remediate oil 
from the environment. Iron oxide NPs have drawn attention in the field of environmental 
remediation due to their inherent low toxicity, superparamagnetism and easy separation 
from fluids. Previously, a relatively inexpensive and facile method was developed to 
synthesize PVP-coated magnetite NPs and was used to successfully separate a reference 
MC252 oil contaminated water.  
In this study, we evaluated the toxicity of these NPs, crude oil WAF, and their 
mixtures using an acute toxicity assay based on the estuarine copepod Amphiascus 
tenuiremis. The results showed there were no significant mortality (p-value = 0.78) of PVP-
coated iron oxide NPs in seawater suspensions to the copepod up to 25 mg L−1 over 4 days 
of exposure. Importantly, optimal oil removal by these NPs was accomplished by only 18 
mg L−1 and required 1 hour incubation. Although significant mortality (p-value < 0.05) was 
observed at concentrations of 40 and 100 mg L−1, mortalities never reached 50%, thus an 
LC50 was not calculated. No significant toxicity was observed at any concentration with 
incubations of less than 4 days. Controls containing 100% (undiluted) WAF were significa-
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antly toxic (p-value <0.05) to copepods. However, undiluted WAF exposed to these NPs, 
either with or without immediate removal of the NPs, the toxicities of WAF to copepods 
was ameliorated significantly (p-value < 0.05). To mimic natural organics present in 
marine environments conditions, fulvic acid and alginic acid were separately added at 
relevant concentrations for the marine environment to the synthetic seawater and similar 
experiments were performed. A significant toxicity reduction (p-value < 0.05) was 
observed after NPs addition at 48 and 72 hours. Furthermore, NPs addition in the presence 
of oil increased the growth of oil-degrading bacteria. These results suggest an effective in 
situ technique to ameliorate oil spill toxicity, in addition of enhancement of microbial 
degradation. Further testing at the mesocosm and field scale would provide validation of 
usefulness of this novel method. 
Subsequently, we developed a novel method that could be utilized for oil 
remediation in aquatic systems using nanotechnology and natural oil-degrading bacteria. 
In this study, we quantified the synergistic interactions of  PVP-coated iron oxide NPs and 
oil-degrading bacteria for enhanced oil removal at the laboratory scale. The results showed 
that NPs alone could remove 70% of lower-chain alkanes (C9–C22) and 65% of higher-
chain (C23–C26), at relatively high oil concentrations after only 1 h of incubations. Oil-
degrading bacteria alone removed negligible oil initially, but there was 80–90% removal 
after 24–48 h. However, the combination of NPs and oil-degrading bacterial strains 
removed significantly more oil within a short time period. These significant removal 
efficiencies were likely due to utilization of NPs that bind with oil components by bacteria. 
Moreover, the emission of selected VOCs and SVOCs decreased significantly when NPs 
and/ or oil-degrading bacteria were used separately or together. This combined synergistic 
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approach accomplished high efficiencies of oil removal at the laboratory scale; however, a 
major challenge resides in determining effectiveness at larger and more complex scales 
such as mesocosms or in the field.  
Bacterial growth was significantly enhanced in the presence of oil and NPs. The 
mechanism of this enhancement is currently unknown, but it is likely due to the direct 
interactions between NPs and bacteria and possibly the direct uptake of NPs (and their 
associated oil) by bacterial cells. In portion of this study, we developed and validated a 
novel method to quantify internalized NPs, while specifically to differentiating between 
internalized and surface attached-NPs using EDTA. NPs can quickly adsorb to bacterial 
surfaces and strongly bind to LPS, which formed approximately 75% of outer membrane. 
Outer cell membranes and cell walls were successfully removed from bacterial cells using 
EDTA, without lysis of cells. This occurs because EDTA is a strong chelating agent that 
exhibits high affinity for divalent metal cations (Mg2+ and Ca2+) that are contained with the 
outer membrane and cell wall. This was followed by standard digestion and Fe-metal 
measurements by SF-ICP-MS. Verification of each step of the methodology was conducted 
by assessing both cellular and metal behavior using a number of approaches. Specifically, 
live/dead staining of cells and optical density measurements and TEM were used to assess 
lysis of cells during these procedures. Although, this method was developed in response to 
this specific nanotechnology, it offers wider applications for quantifying NP and metal 
internalization processes in Gram-negative bacteria.  
In this dissertation, we showed near complete amelioration of oil toxicity to 
harpacticoid copepods using PVP-coated magnetic iron oxide NPs, while at the same time 
stimulating the growth of oil-degrading bacteria. We also developed a novel method for oil 
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spill remediation in aquatic systems using the combination of PVP-coated magnetic iron 
oxide NPs and natural oil-degrading bacteria under environmentally relevant conditions. 
This combined method was demonstrated as a reliable technique for oil spill remediation 
of water under realistic conditions. However, this technique is also applicable where 
collections are not easily accomplished such as during harsh weather conditions. Releasing 
PVP-coated magnetic NPs in the contaminated environment may facilitate oil 
biodegradation. To investigate the interaction between bacteria and NPs, we developed a 
novel method to quantify internalized NPs, and to differentiate between internalized and 
non-internalized NPs. This novel method has wider applications for quantifying and 
measuring internalized NPs in Gram-negative bacteria. 
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